Abstract. Fluctuations in wetland hydrology create an interplay between aerobic and anaerobic conditions, controlling vegetation composition and microbial community structure and activity in wetland soils. In this study, we investigated the vegetation composition and microbial community structural and functional changes along a wetland hydrological gradient. Two different vegetation communities were distinguished along the hydrological gradient; Caricetum gracilis at the wet depression and Arrhenatheretum elatioris at the drier upper site. Microbial community structural changes were studied by a combined in situ 13 CO 2 pulse labeling and phospholipid fatty acid (PLFA) based stable isotope probing approach, which identifies the microbial groups actively involved in assimilation of newly photosynthesized, root-derived C in the rhizosphere soils. Gram negative bacterial communities were relatively more abundant in the surface soils of the drier upper site than in the surface soils of the wetter lower site, while the lower site and the deeper soil layers were relatively more inhabited by gram positive bacterial communities. Despite their large abundance, the metabolically active proportion of gram positive bacterial and actinomycetes communities was much smaller at both sites, compared to that of the gram negative bacterial and fungal communities. This suggests much slower assimilation of rootderived C by gram positive and actinomycetes communities than by gram negative bacteria and fungi at both sites. Ground water depth showed a significant effect on the relative abundance of several microbial communities. Relative abundance of gram negative bacteria significantly decreased with increasing ground water depth while the relative abundance of gram positive bacteria and actinomycetes at the surface layer increased with increasing ground water depth.
Introduction
Wetland ecosystems are characterized by hydric soils which support hydrophilic vegetation (Mausbach and Parker, 2001) . Fluctuations in wetland hydrology regulate the availability of oxygen, resulting in the interplay between aerobic and anaerobic processes of key biogeochemical cycles, such as nitrification, denitrification and methanogenesis (Davidsson et al., 1997) . These wetland biogeochemical cycling processes are mostly microbially mediated. While wetland microbiology is receiving increasing research attention, it still remains under investigated. Wetland biogeochemistry research has mainly focused on (i) biogeochemical studies of processes, and, although less thoroughly studied, (ii) microbial ecological studies of populations and community structure (Gutknecht et al., 2006) .
Hydrology is a dominant factor controlling microbial processes in wetlands (Bardgett and Shine, 1999; Gutknecht et al., 2006; Mentzer et al., 2006) . Higher water levels increase the rate of anaerobic processes, such as denitrification (Smith and Tiedje, 1979) , methanogenesis (Coles and Yavitt , 2004) , and sulfate reduction (Devito and Hill , 1999) , and decrease rates of aerobic processes, such as nitrification (Qiu and McComb, 1996) by creating low oxygen and anaerobic soil micro sites. In addition, temporal fluctuations of soil moisture from drying/wetting cycles stimulate denitrification in wet cycles and nitrification in dry cycles (Qiu and McComb, 1996; Venterink et al., 2002) .
Additionally, hydrology affects vegetation composition since wetland plant species occurrence has been shown to be highly responsive to fluctuations in water level (Leyer, 2005; Van der Hoek and Sykora, 2006) and hydroperiod (Battaglia and Collins, 2006; Peters et al., 2007 1 ). Plants can influence 278 W. K. Balasooriya et al.: Microbial community structure along a hydrological gradient microbial functions directly by providing resources in litter (Bardgett and Shine, 1999) , with variations among plant types or species depending on their nutrient content (Hume et al., 2002) . Indirectly, plants affect microbial processes through their rhizosphere characteristics. The rhizosphere receives readily decomposable labile resources from plant roots (Kennedy, 2005) and increase oxygen levels relative to the surrounding wetland soil (Colmer, 2003) .
While bacterial communities generally dominate the wetland soil microbial community (Boon et al., 1996) , mycorrhizal fungi adapted to wetland conditions also occur (Anupam, 2003) . Wetland hydrology may affect the general microbial community structure (Sundh et al., 1997; Mentzer et al., 2006) , or specific organisms, such as mycorrhizal fungi (Wetzel and VanderValk, 1996) . Wetland microbial community structure has also been shown to vary among plant species rhizospheres (Halbritter and Mogyorossy, 2002) and with plant community composition (Borga et al., 1994; Sundh et al., 1997; Ingham and Wilson, 1999) .
Different biochemical and microbiological techniques have been used to describe the general structure of soil and aquatic microbial communities. In situ characterization of microbial community composition is commonly done through in situ analysis of specific components (biomarkers), which are only produced by and therefore characteristic for specific microbial groups. For example, the analysis of phospholipid fatty acids (PLFA) is based on the analysis of a group of cell membrane lipids, several of which can be used as biomarkers for specific microbial communities (Vestal and White, 1989; Zelles, 1997) . The polar group of phospholipids is rapidly hydrolyzed upon microbial cell death, hence the fatty acids in intact phospholipids are assumed to originate from living micro organisms (White et al., 1979; Zelles, 1997) . In wetland studies, PLFA analysis has shown microbial community compositional changes across different wetlands (Borga et al., 1994; Boon et al., 1996; Sundh et al., 1997) as a result of differences in hydrological fluctuations (Sundh et al., 1997; Mentzer et al., 2006) . Although most PLFA studies have provided valuable information regarding the structure of the microbial community (Frostegard et al., 1993; Bossio et al., 1998; Steer and Harris, 2000; Fierer et al., 2003; Drissner et al., 2007) , they usually do not reveal any information regarding the function of microbial communities associated with C cycling. Technological developments in mass-spectrometry in the last decades have made it possible to integrate stable isotope analysis into biomarker analysis (Boschker and Middleburg, 2002) . The combination of 13 C stable isotope and PLFA analysis through Gas Chromatography-Combustion-Isotope Ratio Mass Spectrometry (GC-C-IRMS) has made it possible to trace the flow of C from a 13 C-labeled substrate into the PLFA fraction of the microbial communities (Boschker et al., 1998) , and to identify the microbial communities actively assimilating the labeled substrate-derived C. This combined approach is unique as it allows to assess the specifically "active" proportion of the microbial community and to link biogeochemical processes with microbial identity. Stable isotope probing (SIP) of PLFA has been successfully attained through laboratory incubations with 13 C enriched substrate additions (Waldrop and Firestone, 2004) , in situ enriched substrate additions (Williams et al., 2006) , as well as in situ 13 CO 2 pulse labeling of growing plants (Treonis et al., 2004; Prosser et al., 2006; Denef et al., 2007; Lu et al., 2007) . By using in situ PLFA-based SIP analysis, several studies have demonstrated a dominant contribution of fungi in the immediate assimilation of rhizosphere-derived C in grasslands (Butler et al., 2003; Treonis et al., 2004; Olsson and Johnson, 2005; Denef et al., 2007) . In this study, PLFAbased SIP was performed through an in situ stable isotope 13 CO 2 pulse labeling approach in a natural wetland ecosystem to examine the incorporation of rhizodeposition into individual PLFAs across a spatial and temporal hydrological gradient. The main objective of this study was to examine if a wetland hydrological gradient and consequent vegetation composition distributions are linked to microbial community structural differences.
Description of the study site
The study was conducted along a topographical transect in the Northern part of the wetland nature reserve Bourgoyen-Ossemeersen, Ghent, Belgium. The BourgoyenOssemeersen is an alluvial complex characterized by floodplains of the river Leie. Higher levees are found next to the river with well drained sandy to silty textured soil types while floodplain depressions in the hinterland have clay soils with gleyic properties. The management of the BourgoyenOssemeersen aims at increasing the botanical and ornithological value of the nature reserve area. During winter (November-March), a floodgate is closed and the gravitational drainage of the area is blocked up to a height of 5.67 m a.s.l. The rate of ground water depth rising is dependent on the precipitation during this period. From the first of March on, gravitational drainage is allowed to a height of 5.27 m a.s.l., but evapotranspiration losses might further lower the actual ground water depth. The vegetation of Bourgoyen-Ossemeersen consists of several grassland associations. Areas with high productivity are mown twice a year (June and September), whereas areas with lower productivity are mown once a year. Some other parcels are seasonally grazed. Along the transect, an upper site on the levee and a lower site in the depression, each approximately 15 m long, were selected. Each of the two sites was subdivided in a left, middle and right sampling point (Fig. 1) . The elevation ranges from 5.3 m a.s.l. at the lower site to 7 m a.s.l. at the upper site (Peters et al., 2006) . Soil texture at the different sites could be summarized as: (i) clay soils at the lower site; (ii) a sandy loam soil texture at the upper left sampling point, and (iii) sandy soils at the upper middle and upper right sampling points.
Methods
3.1 Monitoring of the eco-hydrological site conditions 3.1.1 Hydrological data At each sampling point (left, middle and right) of the lower and the upper site, soil water content reflectometers (CS616, Campbell Scientific Ltd.) were installed at 10 and 30 cm depths for measuring the volumetric water content (VWC) of the soil [cm 3 cm −3 ]. In addition piezometers were installed and equipped with divers (TD Diver, Van Essen Instruments) to measure ground water depths relative to the soil surface. Details on the field position of the devices can be seen in Fig. 1 . Hourly data recorded during a sampling period of two years (from 21 June 2005 until 21 June 2007) was extracted for this study. Additional information on precipitation was gathered from the nearby weather station Vinderhoute (4 km from the study area), managed by the Flemish environmental agency VMM (hydronet databank http://www.hydronet.be). Time series of precipitation, ground water depth and soil water content are given in Figs. 2 and 3.
Vegetation data
Vegetation at the lower and the upper sites have been monitored on both floristic composition and vegetation structural variables. Floristic data were gathered by installing six permanent quadrats of 2 m by 2 m at both sites (12 quadrats in total), located near the three sampling points. In August 2006, the species composition within these quadrats was described, and the abundance of recorded species was estimated using the decimal Londo scale (Londo, 1976) . The vegetation structure was described by means of two variables: living above ground biomass [gm −2 ], and leaf area [m 2 m −2 ], which is the quotient of the total one-sided green leaf area and the ground area. Therefore monthly samples were taken by harvesting six randomly distributed 30 cm by 30 cm patches on the lower and upper site. Dead and living plant materials of the vegetation samples were separated prior to the determination of the leaf area using a LI-3100 leaf area meter (LI-COR Biosciences). Finally, the plant material was oven dried (48 h, 70 • C) and weighted to determine the above ground biomass. replicate plots at the lower site whereas in June, this was done on three replicate plots at both the lower and upper site on two consecutive days. For each pulse labeling event, 500 ml of 13 C labeled (99 atom %) CO 2 was supplied to photosynthesizing plants inside a Plexiglass chamber (30×30×30 cm) over a period of 6 daylight hours. A Tedlar gas sampling bag (1L, Alltech) fixed to a 50 ml gas sampling bulb with a stop cock was used in the field to temporarily store 13 CO 2 gas from the pressurized gas bottle, and allowed sampling of a known volume of 13 CO 2 gas at atmospheric pressure prior to injection into the labeling chamber. When the CO 2 level in the chambers fell below 250 ppm, 100 ml of 13 CO 2 was transferred into a 100 ml gas tight syringe (1100, Hamilton) from the gas sampling bulb and injected into the labeling chamber through a septum. The injections were repeated four times more, approximately in one hour intervals. Each injection was done when CO 2 levels inside the chambers were below 250 ppm. Three replicate chambers, placed 2 m apart were placed on top of stainless-steel frames firmly inserted in the soil to a depth of about 10 cm. CO 2 concentrations were monitored (EGM-4, PP systems) within the chambers during the 6 hour pulse labeling to follow the uptake of 13 CO 2 by photosynthesizing plants. the chambers. In addition, composite samples of soil and shoots were taken prior to labeling as controls. All samples were immediately stored on ice and transported to the laboratory where soil samples were frozen (−20 • C). Later, soil samples were thawed and wet sieved through a 250 µm sieve to remove all visible roots, macro fauna and fresh litter since plants contain large concentrations of the fungal biomarker PLFA "linoleic acid" (18:2ω6,9c) (Zelles, 1997) . Direct dry sieving was not practicable due to high density of root mats and clayey texture in the samples from the lower site. The soil suspension from wet sieving was centrifuged at 2500 rpm for 10 min and the pellet was immediately frozen (−20 • C) to recover the soil fraction. To obtain a dry sample for PLFA analysis, these frozen soil pellets were freeze dried. Dry sieving was done as the last step (50 µm) in order to exclude any fine root hairs. Shoot samples and separated root fractions were oven dried (24 h at 60 • C) and then ground to a fine homogeneous powder using an ultra centrifugal mill (ZM200, Retsch Germany). A subsample of ground shoot and root samples (1.5 mg) and soil samples (20 mg) were analyzed for C, N and 13 C content using an Elemental Analyzer (EA) (ANCA-SL, Europa PDZ, UK) coupled to an Isotope Ratio Mass Spectrometer (IRMS) (20-20, Sercon, UK) (EA-IRMS). Samples measured in tin capsules were loaded into the EA using an auto sampler. The temperature at the combustion and reduction stages was 1800 • C and 600 • C respectively. Water is removed by a magnesiumperchlorate trap. Before entering the mass spectrometer, the gas stream passes a gas chromatograph which separates CO 2 from N 2 gas. In the IRMS (90 eV electron voltage, 144 µA trap, He carrier gas, continuous flow, 10 −7 mbar vacuum pressure, 90% focus) gaseous molecules are ionized in the ion source, then separated according to their mass-to charge ratio and finally collected in an array of Faraday cups (three Faraday cup collectors for m/z 44, 45, and 46). Reference CO 2 of known isotopic composition was used for sample calibration and introduced directly into the source three times at the start and end of each run. Each sample was run in duplicate to ensure reliable mean 13 C values. Isotope ratios were calculated as below (Dawson et al., 2002) , and reported in terms of δ 13 C ‰ (per mil) values.
where R sample is the 13 C/ 12 C ratio of sample and R reference is the 13 C/ 12 C ratio of Vienna-Pee Dee Belemnite (V-PDB) reference standard from the IAEA. Finally the 13 C enrichment ( δ 13 C ‰) of shoot, root and soil samples was calculated by subtracting the pre-labeling natural abundance δ 13 C values from the post-labeling δ 13 C values of solid samples.
PLFA extraction and quantification
The extraction, quantification and compound specific δ 13 C analysis of PLFAs was performed following the method described by Denef et al. (2007) . Total lipids were extracted from 6 g of soil using phosphate buffer/chloroform/methanol at a 0.9:1:2 ratio. Total lipids retrieved in the chloroform phase were partitioned on silica gel columns (CHROMABOND SiOH 500 mg). Neutral and glycolipids were eluted from these columns with 6 ml of chloroform and 10 ml of acetone and discarded. Phospholipids were eluted with 5 ml methanol and the solution was dried under N 2 . Phospholipids were subsequently transesterified by mild methanolysis (1:1 methanol-toluene, 0.2 M methanolic KOH, heated for 15 min at 35 • C) to form volatilizable fatty acid methyl esters (FAMEs). FAMEs were analysed by capillary gas chromatography combustion-isotope ratio mass spectrometry (GC-C-IRMS) (GC-C/Delta PLUS XP Thermo Scientific) via a GC/C III interface. The gas chromatograph (splitless mode; He carrier gas) was equipped with a Chrompack CP-SIL88 column (100 m×0.25 mm i.d. ×0.2 mm, Varian Inc.). The oven temperature was programmed at 75 • C for 2 min, followed by a ramp at 5 • C min −1 to 180 • C with a 20 min hold, and a final ramp at 2 • C min −1 to 225 • C with a 20 min hold. Individual fatty acids were identified based on relative retention times compared to two internal standards (12:0 and 19:0) which were added to the FAME extract prior to gas chromatography and cross referenced with several standards: a mixture of 37 FAMEs (37 component FAME mix, no. 47885, Supelco Inc.), a mixture of 24 bacterial FAMEs (BAME mix, no. 47080, Supelco Inc.) and several individual FAMEs (Supelco Inc. and Larodan Inc.). On average, 25 PLFA peaks were detected and quantified, but only 14 were investigated in this study depending on their use as biomarker fatty acids for different microbial communities (Zelles, 1997) . Fatty acid nomenclature consists of the total number of C atoms, a colon, and the number of double bonds. Then an "ω" and a number showing the position of the double bond in the chain, sometimes followed by a "c" or "t" for "cis" or "trans" configuration respectively. The prefixes "i", "a" and "10Me" refer to methyl branching at the iso and anteiso positions and the carboxyl group from the 10th carbon respectively. Cyclopropane fatty acids have the prefix "cy" (Sundh et al., 1997) . The 14 biomarker PLFAs analysed within this data set included: 18:1ω9c and 18:2ω6,9c (indicative of saprotrophic fungi), 16:1ω5c (indicative of arbuscular mycorrhizal fungi (AMF)), i14:0, i15:0, i16:0, i17:0 and a17:0 (indicative of gram positive bacteria), cy17:0, 16:1ω7c and 18:1ω7c (indicative of gram negative bacteria) and 10Me16:0 and 10Me18:0 (indicative of actinomycetes) (Denef et al., 2007) . In most GC chromatograms, a17:0 and 16:1ω7c peaks overlapped, leading to an identification based on the relative abundance of other biomarker fatty acids in the sample. Chromatographic peak area ratios of each individual PLFA to that of 16:0, a universal PLFA occurring in the membranes of all organisms, were determined. Peak area ratios less than 0.02 were excluded from the data set (Drijber et al., 2000) . Based on regressions between peak area and PLFA concentration of a dilution series of the quantitative "37 component FAME mix", the C concentrations [nmol g −1 soil] of the individual biomarker PLFAs in the soil samples were quantified (Denef et al., 2007) . Relative proportions of the individual PLFA-C ([PLFA-C] i ) to total PLFA-C of the sample (MC i ) were calculated and expressed as PLFA-C mol% as an indicator of relative abundance of microbial communities.
3.2.4 Compound-specific 13 C analysis
In order to calculate δ 13 C value in each PLFA, the δ 13 C values of FAMEs obtained from GC-C-IRMS were corrected for the addition of the methyl group during transesterification.
where N PLFA is the number of C atoms of the PLFA component, C FAME is the δ 13 C value of the FAME and C MeOH is the δ 13 C value of methanol determined by EA-IRMS (−36.7%, n=5). The 13 C enrichment or net labeling of PLFAs ( δ 13 C ‰) was calculated by subtracting the pre-labeling natural abundance PLFA δ 13 C values from the post-labeling PLFA δ 13 C values. The proportion of root-derived PLFA-C was calculated for each individual PLFA through the following equation (Williams et al., 2006) :
where FC i is the relative fraction of C in each PLFA derived from the 13C-labeled roots, MC i is the relative mol % of PLFA-C in each PLFA to the total PLFA-C in the sample. δ li represents the δ 13 C of the PLFA-C in the post-labeled sample, δ ui represents the δ 13 C of the PLFA-C in the pre-labeled sample, and δ r represents the δ 13 C of the post-labeled roots.
The relative proportion of root-derived PLFA-C (P Fi ) was then calculated for each individual PLFA using the following equation (Williams et al., 2006) :
4 Results and discussion 4.1 Spatio-temporal changes of eco-hydrological variables
Ground water depth
A clear gradient in ground water depths can be observed along the studied transect. Temporal averages range from 4.6 cm and 15.5 cm below surface at the lower middle and left monitoring points respectively, to 37.9 cm and 94.7 cm below surface at the left and middle monitoring points of the upper site. Ground water depths showed an annual pattern, with a deeper ground water table during summer and a more superficial ground water table during winter. Although this pattern was observed at all measurement points, inundation only occurs at the lower site with average flood durations of three to five months during winter and spring. Beside the annual ground water fluctuations, a daily fluctuation can be observed at the lower site during dry periods. These fluctuations can be a result of ground water consumption through transpiration activities of phreatophytic plant species, similar to what was reported in many other studies (White, 1932; Engel et al., 2005; Schilling, 2007 (Table 1) . Maximal crosscorrelation values were found one or two hours after rainfall, since higher infiltration rates at the upper site compensate for the higher distance to the ground water table. The highest cross-correlation value was calculated at the upper left monitoring point and results from the high permeability of the soil, the relative superficial ground water table and the lack of inundation. At the lower site, notwithstanding a shallow mean ground water depth, cross-correlation values were found to be lower, which may be attributed to the winter inundations. During inundations, cross-correlations are low (0.13) due to saturated conditions compared to cross-correlation value during summer (0.49). At the upper middle monitoring point, cross-correlation is lowest, indicating the less pronounced response of the ground water table to a rainfall event. Because of the greater depth of the ground water table, a relatively large proportion of the precipitation water never reaches the ground water table as it is stored in the soil volume above.
Soil water content
At the lower site the volumetric water contents of the soil layers increases with increasing depth (Fig. 2) . At 30 cm depth, a year round soil saturation results in a constant volumetric water content of around 0.8 cm 3 cm −3 . At 10 cm depth, saturation is only interrupt during summer, but even then values are very high (in the range of 0.5-0.7 cm 3 cm −3 ). These high values result from the high amount of organic C in the top soil ( Table 2 ). The time series of volumetric water contents at the upper middle and left point differ considerably. At the upper middle sampling point, volumetric water content increases with depth, and fluctuations are noticed in both. The upper left site, however, is characterized by a higher water content at 10 cm depth, and saturated soil water conditions at 30 cm depth.
The relation between precipitation and volumetric water content at different depths was evaluated using the crosscorrelations function. At a depth of 10 cm high correlations were found immediately after the rainfall event. At the upper site, correlations are twice as high as at the lower site due to the lack of winter inundation. A response of soil water content at a depth of 30 cm to precipitation is only present at the upper site.
Vegetation
Based on species occurrence and abundance data, two different vegetation associations could be distinguished along the transect using TWINSPAN (Hill, 1979) (Schaminée et al., 1996) is a grassland association with Arrhenatheretum elatioris (L.)J. & C. Presl., Festuca rubra L., Plantago lanceolata L. and Ranunculus repens L. Ellenberg moisture figures (Ellenberg et al., 1992) indicate a clear gradient from species occurring at intermediately moist habitats at the upper site toward species occurring on hydric soils in the depression (Fig. 4) . 2=1-3%, .4=3-5%, 1=5-15%, 2=15-25%, 3=25-35%, 4=35-45%, 5=45-55%, 6=55-65%, 7=65-75%, 8=75-85%, 9=85-95%, 10=95-100%), according to the Londo scale (Londo, 1976) and subdivided according to TWINSPAN (Hill, 1979) . Quadrats are located near the left (l), middle (m) and right (r) sampling points of the upper and the lower sites (see Fig. 1 ). F* Ellenberg moisture figure (Ellenberg et al., 1992) , indicating the occurrence of plant species in the gradient from dry, shallow-soil rocky slopes to swampy ground (1-9) as well as from shallow to deep water (10-12). The symbol "∼" stands for changing moisture conditions, "=" for species of (temporarily) inundated habitats, "x" for indifferent species. (Table 3) . Vegetation development started from zero at the lower site, and biomass and leaf area values did not increase very much during the period JanuaryApril. From May until July, a rapid increase in biomass (from 184.4 gm −2 until 746.3 gm −2 ) and leaf area (from 2.23 m 2 m −2 until 8.27 m 2 m −2 ) was measured, which was leveled off during August. In September, lower values were measured due to natural senescence. This was followed by a mowing event which drastically decreased above ground biomass (−426.2 gm −2 ) and leaf area (−3.26 m 2 m −2 ). A short regrowth period during November increased values slightly. The observed vegetation development differed quite a lot between the lower and the upper site. During winter, an Table 2 . Isotope composition (δ 13 C ‰) and δ 13 C enrichment ( δ 13 C ‰) of shoot, root and soil samples taken prior to (unl.) (n=3), and 24 h after (lab.) (n=3) 13 δ 13 C denotes the net increase of δ 13 C ‰ relative to natural abundance δ 13 C ‰ values of shoot, root and soil C. above ground living biomass of ≈115 gm −2 was measured, which decreased in March and April. As seen at the lower site, a fast increase in biomass and leaf area was measured during May and June, with maximal values of 469.7 gm −2 and 3.9 m 2 m −2 , respectively. A mowing event at the end of June drastically decreased biomass (−433 gm −2 ) and leaf area (−2.7 m 2 m −2 ). Vegetation recovery was fast, and a second growing period after the mowing event resulted in biomass and leaf area values as high as 229.8 gm −2 and 3.3 m 2 m −2 , respectively.
4.2 microbial community structure and function 4.2.1 δ 13 C enrichment of shoot, root and soil C All 3 pulse labeling events in the lower and the upper sites resulted an increased δ 13 C signature of the shoot and root biomass (Table 2) . Comparatively lower δ 13 C signatures (i.e. more negative or less positive) were observed in soil C, especially at the lower site, reflecting a small but significant incorporation of new plant photosynthate-C into the soil matrix. The larger background soil C at the lower the site (Table 2) possibly diluted the incoming δ 13 C from plants and may explain the observed lower 13 C enrichment of the soil C of the lower site compared to that of the upper site (Table 3) . The data was presented as δ 13 C enrichment ( δ 13 C ‰) relative to pre-pulse labeling (control) samples to correct for initial δ 13 C differences between sites at each labeling event. Shoot biomass showed the highest δ 13 C enrichment, followed by root biomass and soil organic C. Enrichment of soil and root biomass was generally greater at the upper site compared to the lower site after the pulse labeling in June. Within the lower site, June labeling resulted in lesser δ 13 C enrichment of root biomass and soil C at 0-10 cm depth, than that in April. These differences were expected to be indicative of differences in microbial performance between sites and time periods, however, could have been shaded by differences in solar radiation and other climatic conditions prevailing during the different labeling events that control plant photosynthetic CO 2 uptake and consequently the rhizodeposit-C transport in the rhizosphere soil. Therefore, δ 13 C-PLFA comparisons were performed after expressing the data as proportions of rhizosphere-derived PLFA-C of each individual fatty acid to that of the total rhizosphere-derived PLFA-C (P Fi ).
Spatio-temporal patterns of microbial community structure
Spatio-temporal patterns of PLFA profiles in the lower and upper sites are illustrated in Fig. 5 and The relative abundance of gram negative PLFAs was greater in the surface layer of the upper site than in that of the lower site ( Fig. 5b and Fig. 6b ). In the lower site, greater gram negative relative abundance occurred in the surface samples of June than in the surface samples of April. Among all gram negative bacterial PLFAs, 18:1ω7c was significantly more relatively abundant in the upper site than in the lower site (p<0.01) and cy17:0 and 18:1ω7c showed a significant decline in relative abundance with depth at both sites (p<0.05).
Relative abundance of actinomycetes (10Me16:0) was significantly greater (p<0.05) at the lower site than in the upper site and generally increased with depth ( Fig. 5b and  Fig. 6b ). The relative abundance of arbuscular mycorrhizal fungal PLFA (16:1ω5c) was significantly greater (p<0.05) in the upper site than in the lower site, while saprotrophic fungi associated PLFAs; 18:1ω9c and 18:2ω6,9c were significantly higher (p<0.05) at the lower site. Fungal PLFAs were relatively high in the surface horizon compared to the subsurface layers. This decline with depth was significant for 18:1ω9c and 18:2ω6,9c fungal PLFAs in April at the lower site (p<0.05) and for AMF (16:1ω5c) in June at the upper site (p<0.05). However, the relative abundance of fungal PLFA 18:1ω9c was higher at the subsurface layer than at the surface layer in June at the lower site. Relative abundance of fungal PLFAs were generally higher in June compared to that in April at the lower site, while 18:1ω9c and 18:2ω6,9c fungal PLFAs in the surface layer were significantly relatively higher in June compared to that in April (Fig. 5b and Fig. 6b ).
Several other studies reported significant changes of soil microbial communities with depth or in response to landuse, management or environmental change based on PLFA analysis (Sundh et al., 1997; Fierer et al., 2003; Bossio et al., 2006) . Similar patterns of relatively more abundant gram positive bacterial PLFAs in wetlands with prevailing anaerobic conditions as compared to more aerated agricultural fields, and decreased relative abundance of gram negative bacterial PLFAs with soil depth in both wetland and agricultural land uses were reported by Bossio et al. (2006) . In addition, Bossio et al. (2006) suggested a higher growth rate of aerobic bacteria dominated communities compared to anaerobic bacteria dominated communities, based on PLFA indices. This study concluded that the aeration condition was the predominant determinant of abundances of the microbial communities across soil types and land usage. Sundh et al. (1997) found increasing gram positive bacteria and actinomycetes with depth (based on total PLFA concentrations), in dry sites of peatlands, and suggested that these shifts could be due to anaerobic conditions imposed by ground water depth. Other studies have detected relatively large actinomycetes populations in sub surface soils influenced by anaerobic conditions (Federle et al., 1986) and in podzol profiles under coniferous forest (Fritze et al., 2000) . In our study, anaerobic conditions were expected in the lower site due to a year round shallow ground water depth compared to the upper site, where average ground water depth is below 30 cm (Figs. 2 and 3 ). Gram positive bacteria are known to have a strong association with anaerobic conditions (Sundh et al., 1997) prevailing in wetlands and with increasing soil depth, while gram negative bacteria are known to associate with well aerated conditions (Ponder and Tadros, 2002) . Therefore, the observed shift from greater gram negative dominance at the well aerated soil surface in the upper site to greater gram positive dominance in the lower site and deeper depth, is consistent with the prevailing anaerobic conditions in the lower site and with increasing depth. Similar to our findings, Fierer et al. (2003) reported that gram positive bacteria as well as actinomycetes tended to increase in relative abundance with increasing soil depth, while that of gram negative bacteria and fungi were higher at the soil surface compared to that in the lower surface in two semi arid soil profiles. They concluded that the vertical distribution of these microbial groups can largely be attributed to the decline in carbon availability with soil depth. Griffiths et al. (1999) have shown that higher rates of C addition to soil will raise the proportions of fungi and gram negative bacteria in the microbial community and lower the proportions of actinomycetes and gram positive bacteria. In this study, greater biomass turnover occurred at the lower site than in the upper site (Table 3) indicating a higher C addition. Fungal PLFAs (18:1ω9c and 18:2ω6,9c) were higher at the lower site following the C availability. However, gram negative bacteria and AMF shifts were opposite than the predictions based on C availability, i.e. gram negative bacteria and AMF was higher at the surface layers of the upper site compared to that in the lower site. At the lower site, the aboveground plant biomass production was higher in June than in April, resulting in a temporal shift in the relative abundance of fungal PLFAs, i.e. greater relative abundance of fungal PLFAs in June than in April reflecting the greater C availability in June.
The advantage of the pulse labeling approach in combination with 13 C PLFA analysis is the identification of those microbial communities that are actively assimilating newly produced rhizosphere-C. The two 13 C-PLFA based indices used in this study, i.e. net labeling ( δ 13 C ‰) and P Fi , distinguish the PLFAs associated with the metabolically-active proportion of the microbial communities from the PLFAs associated with the inactive or slow active proportion of the microbial communities with regard to rhizosphere C cycling (Denef et al., 2007) . Net labeling was significantly higher in the surface layers of the upper site than that in the lower site (p<0.05) in most of the individual PLFAs except for i14:0 and cy17:0 ( Fig. 5c and Fig. 6c) . A general decline of net labeling occurred with depth. In June, net labeling was generally higher than in April at the surface layers of the lower site, except for i16:0, 18:1ω7c and 18:1ω9c. These differences could be due to differences in microbial functioning between sites, depths and time periods, however, could be shadowed by differences in photosynthetic efficiency resulting in differences in 13 C input to the soil.
The relative abundance of root derived PLFA-C (P Fi ), which corrects for any differences in photosynthetic efficiency and was used as a measure for the active root-C assimilating portion of the microbial community structure, was generally greater at the surface layers compared to that in the subsurface at both sites except for 10Me16:0, 10Me18:0, and 18:1ω9c ( Fig. 5d and Fig. 6d ). In general P Fi was higher in gram negative and fungal PLFAs at both sites than other groups confirming their relatively greater and rapid involvement in rhizosphere C cycling than the less active and slower growing gram positive bacteria and actinomycete communities at both sites. Rather than a uniform pattern of P Fi of all PLFAs in both sites and periods, P Fi of different microbial groups shifted differently between sites and time periods. For example, P Fi of gram negative bacteria was generally greater in the surface layer of the upper site than that in the lower site while P Fi of of gram positive bacteria was higher in the surface horizon of the lower site compared to that in the upper site. Gram negative P Fi was generally higher in April than in June (except cy17:0) at the lower site, while gram positive P Fi in the upper surface showed no prominent difference between April and June. Both gram negative and gram positive P Fi generally decreased with depth. Among them, i14:0, i15:0 and i16:0 showed a significant decrease with depth at the lower site (p<0.05), while i15:0, i16:0 and i17:0 significantly decreased with depth at the upper site (p<0.05). Significantly higher P Fi (p<0.01) was observed with actinomycetes at the lower site surface horizon compared to that in the upper site. At the lower site, actinomycetes (10Me 16:0) P Fi significantly increased with depth (p<0.05) and significantly greater P Fi was found for 10Me16:0 and 10Me18:0 (p<0.05) in June than in April. P Fi of fungal PLFAs was not prominently different between two sites in the surface layer, while P Fi of 18:2ω6,9c and 18:1ω9c in the subsurface layer of the lower site was greater than that in the subsurface layer of the upper site. AMF showed higher P Fi in June than in April at the lower site, while the other two fungal PLFAs showed the opposite pattern between April and June. P Fi of 18:1ω9c showed a significant decline with depth (p<0.05) in lower April and upper June respectively. An increase of P Fi with depth was observed for 18:1ω9c and AMF fungal PLFAs at lower June.
None of the previous studies on 13 CO 2 pulse labeling based PLFA analysis, used P Fi as an indicator to assess the proportion of those microbial communities that are actively assimilating root derived C in the rhizosphere. However, P Fi has been successfully used by Williams et al. (2006) as an indicator to assess the active microbial communities assimilating 13C-labeled residue-derived C in rhizosphere by δ 13 C enriched straw addition under field conditions. Also a limited number of previous studies used 13 CO 2 pulse labeling based PLFA analysis to assess the active microbial communities in root-derived C cycling in the rhizosphere (Butler et al., 2003; Treonis et al., 2004; Denef et al., 2007; Lu et al., 2007) . Butler et al. (2003) pulse labeled rye grass in laboratory microcosms and found maximum labeling in the fungal PLFA 18:2ω6,9c in rhizosphere soils. Treonis et al. (2004) found greater net labeling of gram negative and fungal PLFAs than gram positive PLFAs at surface soil layer (10 cm) in upland grassland fields. Denef et al. (2007) assessed microbial community dynamics based on the proportional net labeling of individual PLFAs compared to that of a universal PLFA (i.e. 16:0) and found a rapid transfer of newly produced rhizosphere C to fungal PLFAs compared to bacterial PLFAs in the surface layers (7.5 cm) of grassland soils. Based on calculated net labeling in an in situ pulse labeling study of rice plants, Lu et al. (2007) reported that gram negative and fungi were most actively assimilating root-derived C in the rhizosphere, whereas gram positive microorganisms became relatively more important in the soil layer below the root zone. Our P Fi results indicating a relatively greater active proportion of gram negative and fungal PLFAs in the rhizosphere at both sites are in consistent with the results of Butler et al. (2003) ; Denef et al. (2007) ; Lu et al. (2007) . In agreement with Lu et al. (2007) , we found greater active proportion of gram negative bacteria in the surface layer at the upper site compared to that in the subsurface layer. However, gram positive activity was depleted with depth in contrast to Lu et al. (2007) .
The P Fi of gram positive bacteria and actinomycetes at both sites was very low despite the observed higher relative abundances, indicating that more metabolically-inactive gram positive bacteria and actinomycetes were abundant in the rhizosphere soils at these sites or that these microbial communities were more dependent on other C resources such as soil organic C than newly produced-root derived C. P Fi of gram negative bacteria and fungal PLFA 18:1ω9c and AMF at both sites and fungal PLFA 18:2ω6,9c at the upper site were not substantially declined in relation to their relative abundances, suggesting that these microbial groups are more dependent on rhizodeposit-C as a C source for their growth. P Fi of 18:2ω6,9c was rather low at the lower site despite its high relative abundance indicating, a preference of nonarbuscular mycorrhizal fungi for other C sources than new rhizodeposit-C at the lower site.
4.3 Linking microbial community structure to hydrological changes and vegetation composition
The observed shift from greater gram negative dominance at the well aerated soil surface in the drier upper site to greater gram positive dominance in the wetter lower site, is consistent with the patterns observed in other soil profiles (Sundh et al., 1997; Fierer et al., 2003; Bossio et al., 2006) . However the underlying causes of these shifts were interpreted differently. Fierer et al. (2003) concluded that availability of C resources and not anaerobiosis was the underlying cause of these patterns while Bossio et al. (2006) concluded that aeration conditions, and not C availability per se were responsible for changes of microbial community structure. Hydrological changes are the key factors influencing aeration conditions of wetland soils (Davidsson et al., 1997) . Anaerobic conditions can be expected in the lower site, due to inundation during winter months and a shallow ground water depth (GWD) throughout the year. In addition, the clayey soil texture in the lower site enhanced the water logged anaerobic condition of these soils. In the surface layer of the upper site, more aerobic conditions can prevail, due to the sandy loam texture of the soil and deep GWD, which never rises 30 cm underneath the soil surface. Monthly average GWD (over 2 years) in lower left and lower middle sampling points was 8.8 cm in April and that in June was 21.6 cm. In upper left and upper middle sampling points the monthly average GWD in June was 83.3 cm and was significantly higher (p<0.01) than corresponding June GWD value in the lower site. The relationship between ground water depth vs. the relative abundance (MC%) of several microbial groups; gram positive, gram negative, actinomycetes and fungi (saprotrophic and AMF) was determined by linear regression. The relative abundance of a microbial group was calculated by summation of the relative abundances of individual PLFAs within the microbial group. Several groups showed significant relationships with GWD. The relative abundance of the gram negative bacteria at the surface layer significantly decreased with increasing GWD (p<0.05, R 2 =0.46), while the relative abundance of the gram positive bacteria in the surface layer was positively affected by increasing GWD (p<0.05, R 2 =0.40). The Ratio of the relative abundance of the gram negative bacteria over that of the gram positive bacteria (Gn/Gp) in the surface soils showed a significant negative relationship with the increasing GWD (p<0.05, R 2 =0.73). Actinomycetes were greatly increased with increasing GWD at the surface (p<0.01, R 2 =0.95) and at the subsurface (p<0.01, R 2 =0.60) (Fig. 7) . These results suggest that anaerobic conditions imposed by incresaing GWD favor the abundance of gram positive bacteria and actinomycetes while gram negative bacteria prefer the aerobic surface layers where ground water is deep. Soils in the lower site consisted of significantly greater (p<0.01) organic C content compared to the upper site (Table 2). Within the lower site, organic C increased from April to June at the surface layers, while this increment was not significant at the subsurface. Linear regression functions were obtained between the organic C content vs. the relative abundance of several dominant microbial groups. None of the bacterial communities showed significant relationships with soil organic C. However, the relative abundance of fungi at the subsurface soils significantly increased with increasing soil organic C (p<0.05, R 2 =0.74), indicating their dependence on soil organic C resources at depth. Greater biomass growth rate of Caricetum gracilis at the lower site than Arrhenatheretum elatioris at the upper site could have caused greater soil organic C available in the lower site, explaining the unexpected larger abundance of saprotrophic fungal communities, which are aerobic (Mentzer et al., 2006) at the more anaerobic lower sites. Caricetum gracilis in the lower site was also associated with slow growing anaerobic bacterial communities, whereas Arrhenatheretum elatioris at the upper site was associated with fast growing aerobic bacterial communities in the surface soils. However, rather than the C availability, low C substrate quality, i.e. "low decomposability" in vegetated wetlands found to control the microbial community structure; (i.e. decrease the relative abundance of aerobic fast growing bacterial communities) (Bossio et al., 2006) . We therefore expected a greater decomposability of Arrhenatheretum elatioris litter than Caricetum gracilis. Lower C/N ratios (16.2) found for the shoot samples of Arrhenatheretum elatioris than for the shoot samples of Caricetum gracilis (21.7) support this hypothesis. However, more research is needed on decomposition rates in line with SIP-PLFA analysis to determine the effects of vegetation composition on soil microbial community structure.
Conclusions
The objective of the study was to investigate the effects of hydrology and vegetation composition on soil microbial community structural differences. The study site is characterized by a hydrological gradient, with superficial ground water levels at the depression and deeper ground water depth at the upper site. This hydrological gradient resulted in two different vegetation communities along the hydrological gradient; Caricetum gracilis at the depression and Arrhenatheretum elatioris at the drier upper site. The effect of hydrology and vegetation composition on soil microbial community structures was investigated using SIP-PLFA technique. SIP-PLFA analysis showed greater relative abundance of aerobic gram negative communities in the surface layer of the upper site than that of the lower site, while the wetter lower site and the deeper soil layers were inhabited by gram positive bacterial communities. Despite their large abundance, the metabolically active proportion of gram positive bacterial and actinomycetes communities was less at both sites, suggesting their slow assimilation of root-derived C or dependence on other soil organic C sources. However, gram negative bacteria and fungi (18:1ω9c and AMF) showed greater active involvement in assimilation of root-derived C at both sites. Ground water depth showed a significant effect on the relative abundance of several microbial communities. Relative abundance of gram negative bacteria significantly decreased with increasing GWD while the relative abundance of gram positive bacteria and actinomycetes at the surface layer increased with increasing GWD, suggesting that anaerobic conditions imposed by increasing GWD favor the abundance of gram positive bacteria and actinomycetes while gram negative bacteria prefers the aerobic surface layers where ground water is deep.
